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The evolutionary advent of uterine support of embry-
onic growth in mammals is relatively recent.
Nonetheless, striking differences in the earliest steps
of embryogenesis make it difficult to draw parallels
even with other chordates. We suggest that use of
fertilization as a reference point misaligns the earliest
stages and masks parallels that are evident when
development is aligned at conserved stages sur-
rounding gastrulation. In externally deposited eggs
from representatives of all the major phyla, gastrula-
tion is preceded by specialized extremely rapid cleav-
age cell cycles. Mammals also exhibit remarkably fast
cell cycles in close association with gastrulation, but
instead of beginning development with these rapid
cycles, the mammalian egg first devotes itself to the
production of extraembryonic structures. Previous
attempts to identify common features of cleavage
cycles focused on post-fertilization divisions of the
mammalian egg. We propose that comparison to the
rapid peri-gastrulation cycles is more appropriate and
suggest that these cycles are related by evolutionary
descent to the early cleavage stages of embryos such
as those of frog and fly. The deferral of events in
mammalian embryogenesis might be due to an evolu-
tionary shift in the timing of fertilization.
The demands on frog or Drosophila eggs, which are
deposited in the environment to fend for themselves,
are very different from the demands on a mouse egg,
which is held in a protective and nutritive environment.
Frog and fly eggs need to produce a feeding animal
with the reserves within the egg. This produces a
cascade of problems and solutions that appears to
have become an integral part in the early develop-
mental programs of freely developing organisms [1].
The first problem is to produce a whole feeding organ-
ism from an egg. The solution is to make eggs espe-
cially large cells to provide adequate reserves. The
second problem is that the single allotment of DNA in
an egg does not have the capacity to rapidly change
the composition of RNAs in the huge cytoplasm of the
egg. The solution is to use maternally encoded gene
products and to quickly amplify the number of nuclei
to provide a transcriptional output that is adequate for
the developmental events to come.
The mammalian egg is faced with the very different
task of developing a machinery to take advantage of
the nutritive environment in which it is located. Thus, it
develops extraembryonic tissues for interaction with
the uterus and, in doing so, defers the events of early
development. Mammalian eggs lack the massive
maternal contributions of freely developing eggs, and
development begins at a more leisurely pace based
largely on zygotic synthesis of components. There is
no obvious reason that the mouse egg would need to
have especially rapid cleavages, except that a mammal
may well rely on developmental programs that evolved
during the more than 250,000,000 years of metazoan
evolution that preceded the appearance of mammals.
Rapid cleavage cycles are found in all major meta-
zoan phyla, including chordates. Nonetheless, the
mammalian embryo begins development with slow
divisions and shows rapid cell cycles only at a later
stage. Because they do not immediately follow fertil-
ization, these later rapid cycles in mammals are not
ordinarily considered homologous to early cleavage
cycles of other embryos. Here, we suggest that fertil-
ization should not be used to align the developmental
program of mammals with that of other organisms.
Instead, when the highly conserved events surround-
ing gastrulation are aligned, the rapid division cycles of
the mammalian embryo come into correspondence
with the cleavage cycles of other metazoan embryos.
We summarize evidence suggesting that the mam-
malian rapid cycles are homologous to the rapid cleav-
age cycles of other metazoans.
The alignment of embryonic events that we advocate
emphasizes that the post-fertilization events of mam-
malian development begin with the generation of a 
trophoblast, the key contributor to the mammalian pla-
centa. This process appears to have no analog in the
post-fertilization events of non-placental vertebrates.
We suggest that these steps may have had an evolu-
tionary precursor in events that contribute to oogenesis
in other species. If one considers the maternal events in
the oocyte lineage and the zygotic events that follow
fertilization as a continuum, a shift in the timing of fertil-
ization with respect to other events occurring in this
lineage could shift processes from maternal to zygotic
control, or vice versa. We propose that, during the evo-
lution of mammals, fertilization was advanced to an
earlier stage such that events that occurred late in the
cell lineage of the oocyte in the progenitors of mammals
were displaced and modified to become the earliest
events of post-fertilization development in mammals.
Unique Features of Embryonic Cleavage Cell
Cycles
Because Xenopus and Drosophila are important model
systems for cell cycle control, we possess detailed infor-
mation that allows identification of common features of
the early mitotic cycles in chordates and arthropods.
First, pre-gastrulation cycles are unusually fast. A
frog egg undergoes six divisions in 3 hours, averaging
about 30 minutes per division cycle [2]. A Drosophila
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egg undergoes 13 embryonic cycles in 2 hours with a
progressive lengthening of the cycles from 8.3 to 23
minutes [3]. In contrast, proliferating larval tissues
have about an 8 hour cell cycle time [4,5].
Second, embryonic cleavage cycles occur without
growth, so that cells become progressively smaller.
Indeed, this is inevitable, as the embryos have no
outside source of nutrition. The progressive reduction
in size of cells stands in contrast to most cell cycles,
wherein cells grow prior to division to roughly maintain
size constancy during proliferation [1,6,7].
Third, the cleavage cycles appear to lack the gap
phases that usually intervene between mitosis and S
phase, and between S phase and mitosis. Whereas the
very first mitotic cycle following fertilization has a short
G2 phase in frogs and perhaps also in Drosophila [8],
the subsequent phases have no detectable gap phases
[9,10]. In other words, the very short interphases consist
exclusively of S phase. Replication of the entire 1.8·108
base pair (bp) genome of Drosophila and the 1.7·109 bp
genome of Xenopus [11] is completed in as little as 3.4
and 15 minutes, respectively. This remarkable feat is
achieved by the use of many more origins of DNA repli-
cation than are active in longer cell cycles [12–15].
Fourth, the embryonic cell cycles of frogs and flies
rely on maternally deposited products and can run in
the absence of transcription of the zygotic genome.
Thus, cell cycle transitions and the regulation of these
transitions are independent of transcription.
Fifth, the early cell cycles of Xenopus and
Drosophila appear to lack certain checkpoint controls
that ordinarily coordinate progression through the
various cell cycle events. Thus, whereas cells from
diverse sources (different species, tissues, or cell lines)
arrest cell cycle progress when DNA synthesis is
blocked, cells progress to mitosis with catastrophic
consequences, when DNA replication is blocked by
aphidicolin in Xenopus and Drosophila embryos
[16–19]. As a result of these observations, it was ini-
tially concluded that the early cycles lacked the check-
point controls required to arrest the cells. Newer
observations suggest that some checkpoint mecha-
nisms are in place, but in some species are too weak
to enforce an arrest [19,20] (see below). The above-
described cycles are followed by gastrulation in fly and
frog and slower cell cycle times [3,2]. It has been rea-
soned that early cycles rapidly generate the cells that
become fodder for gastrulation and creation of the
body layers. Additionally, the exponential increase in
the transcriptional capacity has been suggested to be
important for the switch to control by zygotic tran-
scription, which occurs in parallel with the completion
of the early rapid cycles.
Fast Embryonic Cycles Exist in All Major Animal
Phyla
The frog and the fly are model organisms for early
development in part because they develop quickly.
One important question is whether the organization of
the early cycles is more general. While analyses in
other systems are less detailed, key features of the
early cleavage cycles — their speed, near synchrony,
and the progressive decline in cell size — are obvious
in descriptive analyses that were pursued widely at the
turn of the last century. In his classical book ‘The Cell
in Development and Heredity’ [21], E.B. Wilson attrib-
utes a generalization that embryogenesis begins with
‘a series of rapidly succeeding mitotic divisions, thus
splitting up [the egg] into blastomeres or embryonic
cells’ to studies of Kölliker and Remak in the mid 19th
century. This early evidence of generality is bolstered
by more recent and detailed investigations of specific
representatives of the major phyla:
Annelids: During the first seven stages of embryo-
genesis in the leech, Helobdella triserialis, early blas-
tomeres contain short cell cycles that lack G1 phases.
Following these divisions, primary blast cells cycle,
still without a G1 phase, but with a much longer G2
phase [22].
Echinoderms: In the sea urchin, Paracentrotus
lividus, the first four division cycles are synchronous in
all blastomeres and last approximately 30 minutes
each. The mitotic index in these embryos is high during
the blastula stage (60% of cells are in mitosis in 6 hour
old blastulae) and drops dramatically before hatching
(11% in hatching blastulas), suggesting a lengthening
of interphase [23]. These events precede gastrulation
and the overall pattern is consistent with sea urchins
exhibiting fast cycles before gastrulation.
Nematodes: In C. elegans, cell division patterns are
hard-wired, with cells of each lineage dividing with
stereotypical timing that is invariant from embryo to
embryo [24]. With the exception of the first embryonic
cell division, which occurs at about 40 minutes after
fertilization, cell cycles that precede gastrulation last
10–30 minutes. Cell cycles lengthen after the onset of
gastrulation, although the extent of the lengthening
varies between lineages. For example, the first cell
cycle after gastrulation ranges from 30–60 minutes in
the C-lineage and from 70–90 minutes in the E-lineage.
Molluscs: In the surf clam Spisula solidissima, the
four mitotic cycles following fertilization last 25–35
minutes each [25,26].
When added to the Drosophila and frog models,
these examples represent the major phyla in the evo-
lutionary tree of the metazoa: Mollusca (clam), Arthro-
poda (fruit fly), Annelida (leeches), Echinodermata (Star
fish and sea urchin), Chordata (frog) and Nematoda (C.
elegans) [27]. It is notable that frogs are not unusual
among the Chordata in having rapid cleavage cycles,
which are found broadly among birds, amphibians, fish
and ascidians.
The early cycles in chick are notable because of the
relatively tight evolutionary connection between birds
and mammals: like mammals, birds develop an amni-
otic sac in early development and clear parallels can be
drawn between steps of gastrulation in birds and
mammals. The first 22.5 hours of post-fertilization chick
development occur in the oviduct, as the albumin and
shell are deposited. When the egg is laid, the blastodisc
has about 60,000 cells [28] (R. Ivarie, personal commu-
nication). This requires at least 15 or 16 cell doublings
in 22.5 hours and, thus, an average doubling time of
less than 1.5 hours. In chick, as in all the characterized
examples, gastrulation is tightly coupled with the last
stages of the rapid early cleavage cycles.
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Integration of Rapid Cell Cycles with Embryonic
Patterning
In Xenopus and Drosophila, the cleavage cycles end
with an abrupt transition that is followed by the onset of
gastrulation. The transition at the end of the cleavage
stages, referred to as the midblastula transition (MBT)
in frog and the maternal to zygotic transition (MZT) in
flies, is dramatic in that numerous fundamental features
of cell behavior change at this time  including onset of
high level transcription, initiation of cell movements and
introduction of a gap phase into the cell cycle. It is not
clear why so many changes occur in concert at the end
of the cleavage divisions, but there are suggestions that
the consuming investment into cellular replication is
incompatible with some aspects of morphogenesis and
gene expression. Experimental induction of mitosis
during gastrulation disrupts the morphogenetic move-
ments [29–31]. Furthermore, rapid cycles interfere with
gene expression and the arrest of rapid early cell cycles
can advance zygotic transcription [32,33]. Presumably,
the longer interphase associated with the introduction
of gap phases provides time for cytoskeletal changes
that underlie cell movement during gastrulation and
opportunity for the relatively time consuming polymer-
ization of lengthy transcripts [32].
The dramatic nature of the MBT/MZT has promoted
a simple view in which the cell cycle exists in either
embryonic or adult forms, separated by one major
embryonic transition. However, the cell cycle has many
faces, and even after the MBT/MZT embryos can
exhibit very fast cycles. For example, in Drosophila the
mesoderm, which invaginates and is internalized in the
first cell cycle after the MZT, goes through two subse-
quent cycles that are about 45 minutes long. The neu-
roblasts have a similarly rapid cycle [34,35]. In both
cases, there are no evident gap phases. Thus, during
gastrulation and patterning of the embryo, the shortest
cycles are five times longer than the cleavage cycles,
but are still more than ten times faster than later mitotic
cycles in the larval tissues.
It should also be emphasized that the model organ-
isms that we know best are not fully representative.
Drosophila exemplifies a very successful late branch of
arthropod evolution, the long-germ-band insects. Other
Arthropods exhibit a more basal developmental mode
that is more easily related to events in other phyla. In
short-germ-band insects and crustaceans, only the
anterior part of the body plan is patterned at the onset
of gastrulation and a proliferative group of posterior
blast cells supplies cells that build successively more
posterior body regions [36]. Thus, whereas a dramatic
transition in cell cycle marks the end of the cleavage
cycles, local rapid proliferation remains a feature of
embryos at gastrulation and later.
Are Mammals Exceptions?
The early cycles following fertilization of the mammalian
egg are not unusually fast and appear to resemble
more canonical cell cycles. In the mouse, the first cell
cycle is long – the fertilized egg reaches the 2-cell stage
at 1.5 days post-coitum (dpc). The next four cell cycles
average about 12 hours each leading to the 32 cell early
blastocyst at 3.5 dpc [37]. Cell cycles from the early
blastocyst stage to implantation of the late blastocyst
(~120 cells) take on average about 24 hours. The dura-
tion of these cycles is not only comparable to that of
typical proliferating cell populations, the cycles also
include features lacking in early cleavage cycles. The
early mouse cycles have a G1 and a G2, they arrest in
response to aphidicolin inhibition of DNA replication
and they exhibit a radiation-induced arrest in G2 ([38],
see below). As the post-fertilization cycles have little in
common with the early cleavage cycles of Drosophila
or frogs, it is a widely held view that the fast cycles of
model organisms are not relevant to mammalian
embryonic cell cycle regulation. We agree that the post-
fertilization cycles differ, but nonetheless suggest that
there are mammalian cell cycles that are homologous
to the rapid cleavage cycles of the model organisms,
only that these cell cycles are at a different stage.
Aligning Development
There is a discontinuity in the manner in which devel-
opment of mammals is aligned with that of other organ-
isms. While the earliest stages are aligned based on the
use of fertilization as a reference point for the beginning
of development, other common features of embryonic
patterning have led to an independent alignment of
embryogenesis at later stages. The latter is based on
remarkably conserved features of morphology, pat-
terning events and expression of conserved genes.
As noted by von Baer and emphasized by Haeckel
more than a century ago [21], all vertebrate embryos
look remarkably similar after the establishment of body
axes, neurulation and the beginning of somite formation
(Figure 1A). Similarly, the analysis of embryos of diverse
arthropods has identified remarkable similarities after
establishment of the body axis, production of a ventral
nerve cord and initiation of segmentation [39,40]. This
stage has been referred to as the phylotypic stage,
because all of the organisms within a phylum appear to
resemble each other at this stage. However, at this
stage the similarities are not only apparent within a
phylum, but also between phyla. Thus, the body plans
of arthropods and vertebrates share features such as a
central nerve cord, relative position of yolk, gut and
nerve cord, and subdivisions along the anterior poste-
rior axis (somites and segments; Figure 1). These mor-
phological parallels are reinforced by parallels in
patterns of expression of important determinants of
developmental fate (see below). Perhaps we should
expect such similarities across phyla at this stage. Just
as conserved domains can be recognized in distantly
related protein sequences, it is the conserved steps of
development that can be most easily recognized in the
embryos of distantly related organisms. We argue that,
just as the alignment of distantly related proteins is
based on conserved domains rather than simply align-
ing the sequences starting at the amino terminus, so
the alignment of distantly related developmental pro-
grams ought to be based on alignment of the most con-
served stages.
Whereas embryo morphology and size are remark-
ably conserved at the phylotypic stage, it is commonly
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recognized that morphology diverges at later stages, as
species specific anatomy develops [41]. Furthermore,
as the phylotypic stage is the most conserved stage, it
should not be a surprise that earlier embryos also show
a more highly diverged morphology (Figure 1). Indeed,
as one examines progressively earlier stages, homolo-
gies between species become gradually less evident.
For example, the similarity of neural tube formation via
a neural fold is clearly evident in diverse chordates, but
central nerve cord formation in other phyla occurs in
different ways. Even within chordates, however, the
parallels in development become less evident at even
earlier stages. Challenging mental gymnastics are
required to draw parallels between the gastrulation
movements of fish, frog, chick and mouse and the par-
allels at pregastrulation stages are not clear. Nonethe-
less, molecular studies and patterns of gene expression
have shown that extensive parallels do exist. 
Molecular analyses have detected parallels in the
gastrulation processes of organisms belonging to dif-
ferent phyla. In organisms from Drosophila to human,
a conserved set of genes encodes an extracellular sig-
naling pathway that governs dorsal/ventral patterning
of the embryo. In this pathway, a BMP type of signal-
ing molecule acts as a ventralizing signal in verte-
brates, and, due to a switch in spatial reference-points
and hence names, as a dorsalizing signal in arthro-
pods [42,43]. Additionally, other interacting compo-
nents of this signaling system (e.g., Chordin/Sog, and
Twisted gastrulation) are also involved in diverse
species [44,45]. Although the pathway remains to be
fully elucidated, studies in Xenopus have shown that
BMP signaling regulates localized expression of the
homeodomain protein Goosecoid and the conserved
DNA binding protein Brachyury [46,47]. Brachyury and
its homologs appear to specify posterior embryonic
structures in species extending from C. elegans to
mammals, whereas Goosecoid and its homologs
specify anterior structures [48–52].
While the details of the conservation and mechanism
of action of the pattern forming genes are of tremen-
dous importance, we wish to emphasize here their
utility in aligning analogous stages of the development
of different groups. The BMP signaling cascade in
Xenopus acts very early, as the egg is undergoing the
rapid cleavage cell cycles. The onset of localized
expression of Goosecoid and Brachyury precedes gas-
trulation slightly and persists as a distinctive mark
during gastrulation [53]. In species from echinoderms to
mice, the expression of these genes shows a similar
association with gastrulation [53–57]. Notably, these
genes are not expressed in mammalian blastocysts,
which are often presented as the analog of the frog
blastula (Figure 1,2). Instead, they are expressed in the
egg cylinder stage just prior to the onset of gastrulation
in mouse (Figure 2; [58]). It has been argued by several
authors that the common roles and expression patterns
of these genes are the result of evolutionary conserva-
tion, or evolution by descent [59–61]. We infer from this
that the stage of mammalian embryogenesis that is
analogous to the frog blastula and the Drosophila blas-
toderm is the pregastrulation stage, at which all of
these conserved features of patterning occur. Mouse
gastrulation occurs at the egg cylinder stage (6.5 dpc)
[37]. Thus, it is the egg cylinder stage that is analogous
to the frog blastula and fly blastoderm.
In reviewing the mechanisms involved in embryonic
axis specification in Chordates, Eyal-Giladi similarly con-
cluded that the mammalian blastocyst is not the analog
of the blastula [62]. She argues that ‘the homology of the
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Figure 1. Phylotypic stages of chordates and arthropods.
(A) The morphology of chordate embryos, represented by sala-
mander, chick, and human embryos, initially converges to look
more similar at the so called pharyngula stage or phylotypic
stage [91,92] and subsequently diverges. The high degree of sim-
ilarity between organisms allows an unambiguous alignment of
stages near the phylotypic stage, but ambiguities in alignment
can occur at other stages. We argue that the illustrated and gen-
erally accepted alignment of the human blastocyst with the blas-
tula stages of amphibian and chick is incorrect (see Figure 2 for
a more correct alignment). (B) The phylotypic stage of arthro-
pods, represented by tick, spider, fruit fly and amphipod (fresh
water shrimp) embryos, is proposed to occur just after gastrula-
tion [39,93]. Parallels in body segmentation and the position of
the yolk are apparent. Anterior is up. The existence of the phylo-
typic stage has been questioned by Richardson who pointed out
exaggerated homologies in Haeckel’s drawings [94]. We do not,
however, feel that this is significant criticism of the concept of
the phylotypic stage, during which the similarities between
embryos across a phyla remain apparent relative to stages
before and after. Figure adapted from [95–99] and Flybase at
http://flybase.bio. indiana.edu/).
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Blastula Human
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germ layers and of the cavities of a mammalian embryo
to all other types of amniotic embryos … is quite clear’,
and that it is ‘the narrow slit separating the epiblast from
the hypoblast that should be identified as a blastocoele’.
This ‘narrow slit’, which develops within the inner cell
mass at about the time that the mammalian blastocyst
implants, is distinct from the large cavity of the blasto-
cyst, which can be considered an empty yolk vesicle
(see below; Figure 2 and 3).
It should be noted that gastrulation in the mouse is
often considered to begin with the separation of prim-
itive endoderm from the epiblast around 4.5 dpc.
However, the primitive endoderm is homologous to the
hypoblast, an extraembryonic tissue. For comparison
with other systems we use the more widely accepted
definition of gastrulation based on the formation of the
embryonic germ layers. In mouse, this occurs in con-
junction with primitive streak formation at day 6.5.
Given this alignment of embryogenesis, should we look
for the mammalian analog of the cleavage stages just
before gastrulation or should we look almost a week
earlier, immediately after fertilization? We have used
gastrulation as our reference.
Peri-Gastrulation Cycles Show Features of Fast
Embryonic Cycles
As first noted by Snow, the leisurely pace of cell cycle
progression that characterizes early mouse embryoge-
nesis increases dramatically during the egg cylinder
stage at 6.5 days [37,63]. The extraembryonic tissues
do not undergo especially rapid cycles, but areas within
the embryonic ectoderm have cell cycle times as short
as 2.2 hours. Snow [63] suggested that the divisions are
limited to a ‘proliferative zone’, whereas MacAuley et al.
[64] suggested that all cells passing through the primi-
tive streak undergo rapid cycles. Because cells move
during gastrulation, the region of high proliferation is not
a constant group of cells; rather, many of the embryonic
cells pass through a period of rapid division in close
coordination with their gastrulation movements. As the
primitive streak lengthens across the embryo, a subset
of the embryonic ectodermal cells change shape and
move out of the ectodermal layer to form the future
mesoderm and endoderm. The primitive streak cell
population is, therefore, dynamic with ectodermal cells
moving in to replace those moving out to form the
mesoderm. During this process, cells of the ectoderm
proliferate rapidly to populate the primitive streak.
Remarkably, the rapid pre-gastrulation (at the cellu-
lar level) or peri-gastrulation (at the embryonic level)
divisions in mammalian embryos share many features
of pre-gastrulation cell cycles in flies and frogs. First,
the feature that identified these cycles, their speed,
sets them apart from the cycles of other mammalian
cells and is an important parallel to the embryonic
cycles in frogs and flies. As mentioned above, cell
cycles of the proliferative zone in a 6.5 day old mouse
embryo take on average 2.2 hours [37,63]. Rat
embryos of a similar stage exhibit cell cycle times of
less than 3–3.5 hours [64]. Furthermore, like the cleav-
age cycles of flies and frogs, the peri-gastrulation
cycles of rat embryos show non-existent or short
(0–30 min) G1 and G2 phases [64]. Second, cellular
growth and division appears uncoupled to a certain
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Figure 2. Alignment of early embryonic stages among three chordates: frog, chick and human.
Pregastrulation stages (bottom row) of mammal, bird and amphibian as represented by human, chick and Xenopus, show parallels.
Cells of the human epiblast (blue) will begin gastrulation into the space between the epiblast and the hypoblast (yellow); cells of the
chick epiblast (blue) will likewise move into the space between the epiblast and the hypoblast (yellow). In frogs, cells of the animal
cap, which are proposed to be analogous to the epiblast [62], will gastrulate into a space between the animal cap and a subpopula-
tion of vegetal cells, which are proposed to be analogous to the hypoblast cells [62]. The cavity into which human epiblast will gas-
trulate is, therefore, equivalent to the blastocoelic cavity of chick and frog, but is not named as such. Rather, the yolk vesicle that lies
beneath the hypoblast is referred to, incorrectly we propose, as the cavity of the blastocoel. This (incorrect) nomenclature correlates
with the (incorrect) alignment of the human blastocyst (top row) with chick and frog blastulae (bottom row). We draw an additional
parallel in the migration of hypoblast cells (pale yellow) to form the yolk sac that surrounds the yolk vesicle (in humans) and the yolk
(in chick). In an analogous process, cells of the primitive endoderm (yellow), which are equivalent to the hypoblast in mouse (Figure
3) differentiate into visceral endoderm that forms the yolk sac. Figure adapted from [62,95].
Empty yolk vesicle
(cavity of the
blastocyst)
ICM
Trophoblast
Trophoblast
Epiblast
Presumed location of
blastocoel
Hypoblast
Yolk sac
(derived from
hypoblast)
Yolk vesicle
Blastodisc
Yolk
Yolk
Epiblast
Blastocoel
Hypoblast
Yolk sac
(derived from
hypoblast)
Animal pole
cells
Yolky
vegetal pole
cells
Epiblast
analog
Blastocoel
Hypoblast
analog
Pre-
gastrulation
stage
TI
M
E
Mammal Bird Frog
Current Biology
extent in the peri-gastrulation cycles of mouse and rat,
such that cells of the primitive streak are smaller than
those of their predecessors in the ectoderm [64]. This
may be an inevitable consequence of a short G1
phase during which cellular growth typically occurs in
many somatic cell types. Again, this is a feature that is
shared by rapid embryonic divisions of frogs and flies
that subdivide the large egg mass. Third, studies in rat
show that pre-gastrulation cycles lack a checkpoint
that inhibits mitosis in the presence of DNA damage.
Rather than execute a cell cycle delay, these cells die
[65]. Similarities of these cycles to cleavage cycles of
frog and fly with regard to checkpoint control are
further discussed below.
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Figure 3. Aligning fly and mouse development at gastrulation rather than at fertilization.
During Drosophila oogenesis (left), the germ cell lineage (green and blue stripes) produces both the extraembryonic nurse cells (green)
and the oocyte (blue). The somatic lineage (red) produces follicle cells that surround the developing oocyte. Fertilization in Drosophila
is followed by 13 rapid nuclear divisions within a common cytoplasm. Cellularization follows to produce a cellular blastoderm in which
cortical cells enclose a central yolk mass. Gastrulation ensues next.
In the mouse (right), the fertilized egg (green and blue striped) splits into extra-embryonic lineages (green) and the inner cell mass
(ICM; dark blue), which will subsequently shed additional rounds of extra-embryonic lineages (yellow) as well as produce the embry-
onic epiblast (light blue). Early specified extra-embryonic lineages (green) include the trophoblast cells, which endoreplicate like the
nurse cells of Drosophila. Extra-embryonic primitive endoderm (yellow in late blastocyst stage), which delaminates from ICM is equiv-
alent to the hypoblast of chick and human (yellow in Figure 2). Primitive endoderm will further differentiate into parietal endoderm and
visceral endoderm. At the egg cylinder stage, epiblast cells will migrate during gastrulation into the space between the epiblast and
visceral endoderm (hypoblast equivalent). This is therefore equivalent to the space between epiblast and hypoblast into which epi-
blast cells move during gastrulation in chicken and humans (Figure 2). Embryonic ectodermal cells of the epiblast exhibit rapid divi-
sion cycles prior to gastrulation, just as nuclei of Drosophila syncytium exhibit rapid divisions prior to cellularization and gastrulation.
We do not wish to propose a one-to-one alignment of the fly developmental stages (left) to mouse developmental stages (right).
Rather, we propose an alignment at gastrulation in accord with other authors, and suggest the absence of correspondence at fertil-
ization. While we depict an approximate alignment of early stages, we expect that divergence at stages distant from the phylotypic
stage has altered the coordination of different events to the point that precise alignment will change depending on the criterion used
to assess developmental stage. Nonetheless, this alignment differs significantly from prior alignments at the stage of fertilization in
flies and mice. (Figures adapted from [88,95,100].)
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New Evidence of Parallels Between the Cleavage
Cycles of Frog and Fly and Peri-Gastrulation Cycles
of Vertebrates
The repair of DNA damage is tied to progression
through the cell cycle. In species from yeast to human,
genes have been characterized that arrest progress of
the cell cycle to mitosis when DNA is damaged [66].
This coupling gives cells the opportunity to repair the
damage prior to irrevocable genetic damage. In all
species examined, the genes coupling cell cycle pro-
gression to DNA damage are dispensable for undis-
turbed cell cycle progression — at least in most
cycles. Indeed, the genes in this regulatory pathway
are the quintessential checkpoint genes — genes
whose ability to modulate cell cycle progression is
thought to be engaged only when events go awry, as
would occur upon irradiation. A highly related check-
point pathway senses the completion of DNA replica-
tion and prevents inappropriate, premature progress
to mitosis. Again these genes are generally dispens-
able in undisturbed cell cycles.
In the context of the prevailing idea that the
embryonic cleavage cycles lack checkpoint controls
[16,17,19,67], it came as a surprise that analysis of
mutations in Drosophila ATM/ATR (mei-41) and Chk1
(grapes) showed that these genes are uniquely
required in the early cycles [20,68,69]. Thus, genes
that are dispensable when they function in check-
point control are required in the cycles in which we
had inferred they were not active. Clearly they must
be active in the cleavage cycles, but what are they
doing if the cells do not exhibit a checkpoint? A
partial answer comes from more detailed studies of
checkpoint action in the early cycles.
In vitro studies in a cycling Xenopus extract paral-
leled findings in the intact embryo in that blocking DNA
replication did not block cycling as assessed either by
oscillations of cyclin/Cdk kinase or by entry of nuclei
into M phase [19]. However, when the density of nuclei
in the extract was increased, the cycling of the extract
became dependent on replication [70]. It was inferred
that the extract, and presumably the embryo, is capable
of coupling mitosis to S-phase but that the signal gen-
erated at the very low nuclear to cytoplasmic ratio in
the early embryo was not sufficient to inhibit progress
to mitosis. Other findings are also consistent with a
quantitative interpretation.
Xenopus embryos and the cycling extracts also
appear to lack a spindle checkpoint, as the use of
drugs blocking spindle formation does not prevent exit
from mitosis. However, when the nuclear density was
increased in the extract, a drug-induced arrest of
mitosis became evident, as was seen in the case of the
replication checkpoint. This arrest depends on gene
products homologous to those acting in checkpoint
regulation of mitotic progression in yeast [67].
In Drosophila, it was found that aphidicolin inhibition
of S-phase during embryonic cycle 11 or 12 briefly
delays the subsequent mitosis [20]. This suggests that
the early embryos do have a mechanism that can delay
mitosis when replication is incomplete. The transient
nature of the block suggests that the mechanism might
not have the quantitative ability to fully block the 
activators of mitosis present during these stages. In
addition to these indications of weak checkpoint activ-
ity in the models that had originally suggested an
absence of checkpoints, there is full-fledged check-
point activity in some systems. Disruption of the spindle
in Drosophila embryos arrests cleavage nuclei in
metaphase, clam embryos exhibit checkpoint arrests in
response to both microtubule depolymerizing drugs
and inhibitors of DNA replication, and sea urchin
embryos arrest in response to inhibitors of DNA repli-
cation [25,71–73]. Thus, it now appears that checkpoint
pathways are present during cleavage cycles.
Drosophila mutants in the checkpoint genes mei-41
(ATM/ATR) and grapes (Chk1) are viable, but they are
maternal effect lethals, i.e. mutant adult females give
no or few progeny [20,68,74]. Embryos from mutant
mothers show severely defective cell cycles by the
time of mitosis 12. Because the requirement for these
functions is seen in the absence of any perturbation,
this finding indicates that control of the early cycles is
distinct from that of other cell cycles. It is unclear why
undisturbed rapid divisions should require checkpoint
activities. In cycles without the leeway provided by a
G2-phase, these functions are perhaps needed to
ensure that mitosis does not initiate until after DNA
synthesis is completed [20,74]. Alternatively, the
unusually fast mitoses perhaps rely on this pathway to
serve a different role that ensures the proper order
and timing of mitotic events [69].
Regardless of the mechanism that underlies the
unique requirement for these checkpoint genes during
the early cleavage stages of Drosophila, it is striking that
the mouse embryo exhibits a similar requirement at the
time of the rapid peri-gastrulation divisions. Analysis of
mouse mutations in ATR and Chk1 shows that these
genes are dispensable for cell divisions shortly after fer-
tilization, but they become essential in peri-gastrulation
mouse embryos. ATR−/− embryos develop to 3.5 dpc,
but die between implantation (after 4.5 dpc) and 7.5
dpc, which encompasses the peri-implantation stages
under discussion. Chk1−/− embryos die between 3.5
and 7.5 dpc, which again encompasses the peri-gas-
trulation stages [75,76]. In culture, cells from ATR
mutant embryos display defects that are consistent with
cell division problems, such as small size, decreased
proliferative index and chromosome fragmentation [77].
As in the case of fly embryos, the reason for the require-
ment for ATR and Chk1 in mouse embryogenesis
remains unclear. Nonetheless, it would be interesting to
know if ATR and Chk1 homologs play essential roles
during rapid cell cycles in other phyla.
The rapid early embryonic cycles of the fly share
another unusual feature with the perigastrulation cell
cycles of the mouse egg cylinder. During the early
cycles in Drosophila, embryos are remarkably radiation
sensitive. The dose of ionizing radiation that kills 50% of
embryos undergoing cleavage divisions is about 250
Rads, compared to ~4000 Rads in larvae [78,79].
Detailed analysis of the timing of the change in sensitiv-
ity showed that embryos develop a much increased
radiation tolerance at the close of the rapid mitotic
cycles. Real time analysis following irradiation revealed
that early embryos fail to arrest progress into mitosis
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within the cycle in which they are irradiated, and that
they show severe defects in subsequent mitosis [68,80].
Interestingly, the cell cycles of gastrulating mouse
embryos also lack a checkpoint response that inhibits
mitosis in the presence of DNA damage [65]. Rather
than execute a cell cycle delay, these cells readily
commit cell death, reminiscent of the radiation sensitiv-
ity of the cleavage stage fly embryo. Consequently, cells
of mouse embryos show higher sensitivity to killing by
ionizing radiation during gastrulation than at an earlier
stage. Likewise, cells of the frog embryo show higher
sensitivity to killing by ionizing radiation during cleavage
cycles than at later stages [81]. Although more com-
plete time courses are needed, the results suggest that
embryonic cells are unusually sensitive to radiation
during the rapid cell cycles. It will also be of interest to
determine whether the inability to regulate the entry into
mitosis in response to damaged DNA is a feature
shared by rapidly cycling embryonic cells of different
phyla. While many aspects of the roles of the check-
point genes in the embryonic cycles need to be defined,
it is striking that the early cleavage cycles of model
organisms share with the peri-gastrulation cycles of
mammals a unique requirement for the checkpoint
pathway and an especially high sensitivity to irradiation.
Post-Fertilization Cycles in Mammalian Embryos
May Have Been Derived from Pre-Fertilization
Processes
If peri-gastrulation cell cycles of mammals are equiva-
lent to the cleavage of early embryos in other metazoa,
why are they not seen immediately following fertiliza-
tion? In mice and humans, divisions immediately after
fertilization do not produce the embryo proper but
extra-embryonic tissues that will supply nutrients to the
embryo. Two generations of primary extraembryonic
tissues are produced before the mammalian embryo
initiates events of embryogenesis: the post-fertilization
divisions produce a blastocyst composed of a sphere
of trophectoderm (extraembryonic) and inner cell mass
(ICM), and later (4 days into mouse embryogenesis) the
ICM produces the primitive endoderm (extraembryonic)
and the primitive ectoderm (embryonic) [37]. The first
generation of extraembryonic tissue, the trophoblast,
will differentiate into the placenta and the chorion, while
the later formed primitive endoderm/hypoblast will first
differentiate into parietal and visceral endoderm and
later into the yolk sac (Figure 3). Thus, strictly speaking,
the divisions that immediately follow fertilization are not
embryonic divisions yet, but rather produce tissues
involved in nourishing the embryo.
In most vertebrates, it is the yolk sac that performs
the nutritive role. In meroblastic embryos, which are
derived from yolk laden eggs and have incomplete early
cytokinesis (e.g. chick), the yolk sac, true to its name,
sits at the interface with the abundant yolk and harvests
yolk material to provide for the embryo. These organ-
isms lack the first wave of extraembryonic tissue gen-
eration and show no evidence of a trophoblast [62,82].
The primitive placenta of sharks and viviparous reptiles
is formed by a secondary specialization of the yolk sac
which serves a dual role of providing nutrients first from
the yolk and then from the mother. While the yolk sac
retains some nutritive functions in mammals in which it
functions to take up material from uterine fluid, the tro-
phoblast-derived placenta performs the major nutritive
role. It appears as if evolution has added a new stage
to early embryogenesis in order to generate this nutri-
tive organ. It is of interest to consider whether the tro-
phoblast had an evolutionary precursor and if so, what
it might be.
Given arguments that the cavity of the blastocyst is
analogous to an empty yolk vesicle (see above; Figure
2,3), perhaps the evolutionary precursors of the tro-
phoblast cells will surround the yolk mass in the prede-
cessors of mammals. In mammals, the cavity of the
blastocyst comes to be surrounded by two layers of
cells; the shell of trophoblastic cells defines this cavity
and cells derived from the primitive endoderm/
hypoblast migrate over the inner surface of the tro-
phoblast to form the second layer, the yolk sac. In the
embryos of birds, hypoblast cells migrate over the
surface of the yolk to form the yolk sac, but there is no
overlying tissue analogous to the trophoblast. However,
earlier, during oogenesis, there are maternally derived
granulosa cells surrounding the yolk. These cells com-
prise a monolayered epithelium that contributes to the
extraordinary accumulation of yolk during oogenesis. In
summary, it appears that the trophoblast is a novel
feature of embryogenesis that was added during the
evolutionary history of mammals. Birds and presumably
reptiles, though lacking any obvious zygotic analog of
the trophoblast, possess maternal tissue that is spa-
tially and physically analogous.
How was the developmental program modified to
introduce a new stage and accommodate the tro-
phoblast? The above comparison to chick as well as
broader evolutionary considerations suggest how this
change may have occurred. In contrast to mammalian
eggs, the eggs of non-uterine animals grow to very
large sizes during oogenesis. The huge expansion of
the oocyte is promoted by specialized nutritive tissues.
Detailed analysis, largely outside chordates, shows that
there are two categories of nutritive cells, nurse cells
and follicle cells. In diverse organisms, nurse cells are
sister cells of oocytes (e.g., the beetle, Dytiscus or the
leech, Pisciola; [21]). In chordates, the differentiating
oocytes appear to recruit cells that become the granu-
losa cells or follicle cells that perform this nutritive role
[83]. However, the lineages that give rise to granulosa
cells in different chordates and their relationship to the
nurse cells and follicle cells of non-chordate species
are ill defined. We speculate that in non-mammalian
chordates at least some of the granulosa cells are sister
cells of the oocyte, much like the nurse cells in other
phyla. If, during the evolution of mammals, a change in
the timing of events occurred, so that meiosis and fer-
tilization shifted to precede the cell divisions that sepa-
rated the later derived granulosa cells form the oocyte,
some of the granulosa cells, namely the one’s pro-
duced late in the lineage, would then be produced after
fertilization. According to this scenario, these zygoti-
cally produced ‘granulosa cells’ would be the tro-
phoblast cells. They would continue to perform a
nutritive function but now would be providing nutrition
to the developing embryo rather than the oocyte.
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Though speculative, this hypothesis explains features
of early mammalian development beyond the origins of
the trophoblast. For example, the transition to the small
size of the mammalian egg could be explained by its
‘precocious’ maturation. Furthermore, the switch from
maternally regulated to zygotically regulated early
development would follow from the change in relative
time of fertilization, which would switch many events
from pre-fertilization to post-fertilization. An adaptation
leading to viviparous fish reveals another case in which
the relative timing of fertilization is altered. In some
viviparous fish (some Poecilid teleosts), the egg is fer-
tilized within the follicle and is supported through
embryonic development within the follicle prior to ‘ovu-
lation’/birth [84].
Our proposal would predict that early zygotic devel-
opment of mammals might resemble steps in follicular
development in monotremes (e.g. Platypus), birds, rep-
tiles and other non-therian species. In the formation of
chordate follicles, the developing oocyte and a few
‘granulosa cells’ are isolated within a basement mem-
brane, the granulosa cells begin to form an epithelium
on the outside and the oocyte grows on the inside (e.g.
[85]). One can make analogies between this stage and
the morula of mammalian embryogenesis, a stage at
which the central cells commit to an embryonic fate
and the outer cells begin to take on epithelial features
of the trophoblast. Other similarities can be drawn
between the ‘granulosa cell’ layer and the development
of the trophoblast; however, if they are related by
descent, modification of subsequent events gives these
tissues distinct roles.
Despite the enormous evolutionary distance, fea-
tures of the developmental programs in the nurse cells
of non-chordate species might be taken as support for
our proposal. As mentioned, the nurse cells are pro-
duced from germ cell precursors and hence are sister
cells of the oocytes [21]. In some cases the fates of
nurse cells and the oocytes are separated extremely
late. Indeed, in the leech Pisciola the nurse cells enter
the meiotic divisions. If the sibling relationship of nurse
and germ cells were to persist only slightly longer, the
lineages might separate after fertilization, as we
suggest for mammals. Furthermore, throughout most
of metazoan phylogeny, nurse cells contribute to the
growth of the egg and accumulation of maternally pro-
vided yolk stores. The granulosa cells of non-mam-
malian chordates make a similar contribution, while
trophoblast cells transfer nutrients to the embryo, a
role not unlike that of nurse/granulosa cells. Addition-
ally, nurse cells in diverse species grow to very large
sizes and develop huge polyploid nuclei. The enor-
mous, branched nucleus of the nurse cells of an earwig
provides a dramatic example of this [21]. The nurse
cells of Drosophila and other species are polyploid and
produce prodigious levels of RNA (e.g., the polychaete
Ophryotrocha labronica and the dipteran, Calliphora
[86,87]). As suggested by their name, the trophoblastic
giant cells are very large, and they also endocycle to
become polyploid. Perhaps this unusual behavior of
the trophoblast cells has a primordial origin in nurse
cell developmental programs that evolved in non-chor-
date predecessors.
According to the proposal made here, the early cell
cycles of mammalian eggs would not be analogous to
the cleavage cycles in other embryos, but to cell divi-
sions producing the oocyte and its sister cells. While we
have been unable to locate, among published works,
descriptions of these events in the non-mammalian
chordates, these events are well known in Drosophila.
Four cell divisions of a precursor cell produce the
oocyte and the 15 nurse cells that populate a Drosophila
egg chamber. These four egg chamber divisions take on
average 6 hours per cell cycle, much longer than early
cleavage cycles [88]. Based on our proposal that the
timing of fertilization is displaced with respect to other
events in mammals, we propose the speculative align-
ment shown in Figure 2.
A Precedent for Our Proposal
Biology provides an independent example of deferred
development and of production of extraembryonic
tissues. Like the embryos of uterine animals, the
embryos of parasitic wasps develop in a highly nutritive
environment. After fertilization, the eggs of Copidosoma
floridanum undergo dramatic growth and proliferation to
produce multiple twin embryos within the hemolymph of
parasitised caterpillars [89]. To accomplish this, embry-
onic patterning and gastrulation are deferred, in a similar
manner as in mammalian development. Additionally,
these embryos possess extraembryonic membranes
[90]. These membranes develop from polar nuclei, the
reduction nuclei of meiosis that are usually discarded. In
this organism, it is unambiguous that the events repre-
sent a deferral of embryonic development because the
later patterning of the multiple twinned embryos can be
clearly aligned with the developmental programs of other
insects. Thus, it is undeniable that deferral of early
embryonic programs evolved at least once. We propose
that mammals represent a second example.
The establishment of analogies between model
systems and mammalian development extends the
impact of studies in model organisms. In the view pre-
sented in this article, the studies of rapid cell cycles in
frogs and flies will directly benefit the understanding
of mammalian embryonic cell cycles.
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